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ABSTRACT: Among the key goals of structural DNA nanotechnology are to build highly
ordered structures self-assembled from individual DNA motifs in 1D, 2D, and finally 3D. All
three of these goals have been achieved with a variety of motifs. Here, we report the design
and characterization of 1D nanotubes and 2D arrays assembled from three novel DNA
motifs, the 6-helix bundle (6HB), the 6-helix bundle flanked by two helices in the same
plane (6HB+2), and the 6-helix bundle flanked by three helices in a trigonal arrangement
(6HB+3). Long DNA nanotubes have been assembled from all three motifs. Such
nanotubes are likely to have applications in structural DNA nanotechnology, so it is
important to characterize their physical properties. Prominent among these are their
rigidities, described by their persistence lengths, which we report here. We find large
persistence lengths in all species, around 1−5 μm. The magnitudes of the persistence
lengths are clearly related to the designs of the linkages between the unit motifs. Both the
6HB+2 and the 6HB+3 motifs have been successfully used to produce well-ordered 2D
periodic arrays via sticky-ended cohesion.

■ INTRODUCTION
The unique interaction between the purines and pyrimidines of
DNA (G pairing with C, and A pairing with T) is central to the
ability of DNA to serve as material for genetic information
storage. In a related fashion, its simplicity, predictability of
structure, specificity of molecular recognition, and programm-
ability also make DNA an outstanding candidate for structural
and mechanical elements in nanotechnology. Structural DNA
nanotechnology entails the design, construction, and character-
ization of objects, devices, and arrays from branched DNA
molecules on the nanometer scale.1a It has attracted an in-
creasing amount of attention from scientists and engineers in
the past decade.1b

One of the most successful aspects of DNA nanotechnology
is the construction of 1D nanotubes and 2D periodic/aperiodic
arrays (both finite and infinite).2−5 The chemical and structural
properties of DNA nanotubes make them an interesting
material, with potential applications in biology and engineering.
For instance, DNA nanotubes can be functionalized by
attaching other biomacromolecules (proteins) and nano-
particles to themIn . addition, stiffer nanotubes have the
potential to be used as replacements for actin filaments and
other cytoskeletal components, for both biological and
technological purposes. To implement those applications, it is
important to characterize their physical properties. Rigidity is a
key property, described by the persistence length. To date,
various DNA nanotubes7−17 have been constructed, either by

folding 2D arrays into cyclic species or by assembling designed
closed species of DNA helix bundles. Some of these nanotubes
have been metalized to fabricate nanowires or used as templates
for the 3D geometrical arrangement of nanoparticles.18

Persistence lengths of nanotubes have been measured and
reported in only a few cases.8,9 Moreover, tube-opening has
been observed for most of the cases in which DNA nanotubes
result from the cyclization of 2D arrays. For some nanotube
designs, enzymatic ligation can be used to prevent tube-
opening.9 Alternatively, it is possible to produce intrinsically
cyclic species, most prominently the six-helix bundle (6HB)
motif. 1D tubes of 6HB have been reported elsewhere,12 but
the persistence length of the 6HB motif has not been
characterized previously.
Here we report the design, construction, and characterization

of three DNA nanotubes consisting of three DNA motifs: 6HB,
6HB+2, and 6HB+3. Our cyclic DNA 6HB design consists of
six DNA duplexes, in which every two adjacent duplexes are
connected to each other at two crossover points; our 6HB+2
and 6HB+3 motifs contain, respectively, two and three extra
double helices fused to the surface of the 6HB motif.
These new nanotubes are of novel and significant interest.

First, they extend what is fundamentally a 1D motif into two
and three dimensions. Second, they prototype the reinforcement
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of DNA motifs by the addition of extra domains. Third, they
prototype the addition of other species of DNA domains (e.g.,
refs 19a−c) to a motif that we show here is structurally robust,
similar to the motivation for ref 19. Fourth, they are clearly
shown to be extendable to two and three dimensions.
6HB is a designed cyclic arrangement of six DNA duplexes

(Figure 1A). Two adjacent duplexes are held together through

two crossovers to form a planar DAE double crossover20

molecule with 21 nucleotide pairs between crossovers.12 Thus,
there are six DAE components in each 6HB. The dihedral angle
of two adjacent DAE planes is 120°, which is achieved by
designing seven base pairs (two-thirds of a 10.5-fold double
helical turn) between the crossovers of two adjacent DAE
components. Ideally, six duplexes form a hexagonal arrange-
ment with a hollow channel (diameter ∼2 nm) in the middle of
the 6HB motif. In addition to the direct formation of the 6HB
molecule from a group of DNA single strands, we recently
reported the formation of 6HB molecules from the lateral
cohesion of a pair of bent three-helix molecules (BTX), thus
potentially facilitating the capture of a nanorod.19 Adding two
and three extra DNA double helices, respectively, to the 6HB

motif results in motifs that we term 6HB+2 (Figure 1B) and
6HB+3 (Figure 1C). Two extra duplexes are attached to
opposite duplexes in the 6HB motif to form the 6HB+2; three
extra helices attached in a trigonal arrangement to the 6HB
motif to form the 6HB+3 motif (Figure 1). The extra duplexes
in the latter two motifs are meant to add rigidity to the 6HB
motif. Ideally the four helices in the vertical plane of the 6HB+2
motif (Figure 1B) are coplanar, and the three extra helices in
the 6HB+3 motif (Figure 1C) are organized with 3-fold
symmetry about the hollow channel. Thus, in principle, the
individual 6HB, 6HB+2, and 6HB+3 motifs have 6-fold, 2-fold,
and 3-fold symmetry axes, respectively, if the sequences and
crossover positions are not taken into account (Figure 1).
It is easy to assemble long nanotubes from bundles with a

specific number of components, by adding complementary
sticky ends to every helix: those at the front end are designed to
be complementary to those at the back end, as shown in
structural schematics in Figure 2A−C and sequence schematics
in Figure S1A−C. The most straightforward design is to make
the two sticky ends on the same duplex complementary to each
other, without rotating them through a “phase angle”. Thus,
helix bundles repeat along helical axes by translating the length
of one motif (73 nucleotide pairs or ∼24 nm) in both
directions without rotation (Figure 2A−C). In all three cases,
sticky ends are 5′ overhangs consisting of six nucleotides. The
specific sequences of the three motifs used in 1D nanotubes are
illustrated in Figure S1A−C. In principle, other designs than
simple translation of 1D nanotube repeats are possible, leading
to two-fold (21) screw axes (6HB or 6HB+2), three-fold (31 or 32)
screw axes (6HB or 6HB+3)), or six-fold (61 or 65) screw axes
(6HB), but these have not been built.
None of the 1D nanotubes treated here result from cyclic

closure of 2D arrays. Nevertheless, all three motifs can interact
with themselves to form 2D periodic arrays by programming
the sticky ends on both ends of each helix. A large number of
DNA 2D arrays have been assembled from branched DNA
motifs to date,2−4,12,21,22 and many of them contain DNA
motifs in which all DNA duplexes are coplanar;2−4 that is, the
directions of propagation associated with sticky-ended cohesion
share the same plane. All of the motifs reported here are
inherently 3D motifs because they can be linked to copies of
themselves via three non-coplanar helices. It is only a little
more complicated to design 2D arrays than 1D nanotubes. 2D
arrays of 6HB have been published elsewhere.12,23 By assigning
proper sticky ends to four duplex domains I, IV, VII, and VIII
(Figures 1B and S2A), the 6HB+2 motif can self-assemble into
a 2D array through double cohesion.22,23 Ideally those four
duplex domains are coplanar. In the design, sticky ends are four
nucleotides in length and their specificities are as follows: sticky
ends at the front ends of domains I and VII are designed to
complement those on the back ends of domains VIII and IV,
respectively; similarly, sticky ends at the front ends of domains
VIII and IV are designed to complement those on the back
ends of I and VII, respectively. We also designed a 2D array of
6HB+2 through single cohesion. In this case, only two duplex
domains contain sticky ends: sticky ends on the front ends of
domains VII and VIII complement those on the back ends of
domains VIII and VII, respectively (Figures 1B and S2B).
Duplex domains that are not involved in the self-assembly have
blunt ends on both their front and back ends. The presence of
stacked blunt ends has been shown to stabilize cohesion.24 The
specific sequences of 6HB+2 used in 2D arrays are illustrated in
Figure S2. Sticky end A on helix VII is complementary to A′ on

Figure 1. Schematic drawings of the helix bundle motifs: (A) 6HB,
(B) 6HB+2, and (C) 6HB+3. Cross-sectional views of DNA motifs, in
which the duplexes are indicated by Roman numerals, are shown on
the left in each panel, and side views are shown on the right in each
panel. Cylinders in different colors represent different DNA duplex
domains in each motif. “Back” and “Front” are indicated as the ends to
be used for sticky-ended cohesion. 6HB+3 rotates 45° from the side
view as indicated to generate the view shown in the bottom of (C); the
relationship of this rotated view to the cross-sectional image is also
indicated. Duplexes overlap in side views; for example, duplex II is
farther from the viewer than duplex VI. Thus, duplex II is invisible to
the viewer in the side view of (C).
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the other end of helix VII, B and B′ are related in an analogous
fashion, and so on. The repeat of 6HB+2 in either of the two
dimensions is a combination of two simple translations: one is
along the helix axis of the duplex; the other is along the
direction normal to the helical axis in the plane formed by the
four coplanar helices (Figure 1B).
Similar to 6HB+2, 6HB+3 is derived from 6HB by attaching

three DNA double helices (VII, VIII, and IX) to 6HB (Figure 1C).
Ideally the three planes defined by helices I and VII, by III
and VIII, and by V and IX form dihedral angles of 120° with
each other. Each plane contains one of the three independent
vectors (directions of propagation). In the first plane, the sticky
end at the front end of duplex I pairs with that at the back end
of duplex VII, while the sticky end at the front end of duplex
domain VII pairs with the back end of duplex I (Figures 1C and S3).
The same arrangement applies to the other two planes. Thus,
there is a 2-fold screw axis (21), which is absent in the designs
of 2D arrays of 6HB and 6HB+2, in each of the three planes
mentioned above (Figure 1C). In principle, a 3D crystalline
array would result if sticky ends in all three planes interact with
each other in the way described above. If the sticky ends in one
of the three planes are made to be blunt, then a 2D array will
result. Three different such planes can be organized. The
specific sequences of 6HB+3 are illustrated in Figure S3. Sticky

end A interacts with A′, B interacts with B′, and so on. The
repeat of 6HB+3 in each of the three directions is achieved by a
combination of translating along the helix axis of the duplex and
a 180° rotation around the 2-fold screw axis (21), as shown in
Figure 1C.
Here, we show that the stiffness of nanotubes constructed

from these motifs depends critically on the relative positions of
sticky ends. When the sticky ends are staggered, the duplexes
external to the basic 6HB motif enhance the stiffness as expec-
ted. In addition to 1D arrangements, we show that the new
motifs are capable of forming 2D arrays.

■ MATERIALS AND METHODS
Design, Synthesis, and Purification. DNA strand sequences

were designed using the program SEQUIN.25 The DNA strands with
fluorescein (FAM) were synthesized on an Applied Biosystems 394,
removed from the support, and deprotected using routine phosphora-
midite procedures. Other strands were purchased from Integrated
DNA Technologies, Inc. (Coralville, IA). All strands have been
purified by denaturing gel electrophoresis (PAGE); bands were cut
out of 15−20% denaturing gels and eluted in a solution containing
500 mM ammonium acetate, 11 mM magnesium acetate, and 1 mM
EDTA. All strands and buffers were finally filtered by 0.22 μm
Ultrafree-MC centrifugal filter units (Millipore Corp.).

Figure 2. Design and AFM images of 1D linear nanotubes: (A) 6HB, (B) 6HB+2, and (C) 6HB+3. Two copies of each DNA motif are shown in
panels A−C. Six nucleotide-pair sticky ends on the front of each duplex are complementary to those on the back of the same duplex. Through sticky-
ended cohesion, individual DNA motifs interact with each other to form linear DNA nanotubes in a head-to-tail manner. AFM images of 1D linear
nanotubes are shown in panels D−I: (D) 6HB, (E) 6HB+2, and (F) 6HB+3. Schematic drawings of cross-sectional views of each DNA motif are
inserted in the upper corner of each panel. Zoomed images of nanotubes are shown in panels G−I: (G) 6HB, (H) 6HB+2, and (I) 6HB+3. The sizes
of each image are shown at the bottom right corner of each panel.

Journal of the American Chemical Society Article

dx.doi.org/10.1021/ja207976q | J. Am. Chem.Soc. 2012, 134, 1606−16161608



Formation of Hydrogen-Bonded Complexes and Helix Bundle
Arrays: 1D Nanotubes. A single tile was used in each 6-helix bundle
system. The strands of each tile were mixed stoichiometrically as
estimated by OD260 and dissolved to 0.05−0.1 μM in either 1× TAE/
Mg2+ buffer (40 mM Tris-HCl, 20 mM acetic acid, 2 mM EDTA,
12.5 mM magnesium acetate, pH 8.0) or in 1× HEPES-Na buffer
(10 mM HEPES-Na, 11 mM magnesium chloride, 1 mM EDTA,
pH 7.8). The solutions were annealed from 90 °C to room temperature
over 48 h in a 2-L water bath insulated in a Styrofoam box.
2D Arrays. Helix bundles were formed by mixing a stoichiometric

quantity of each strand as estimated by OD260. The final DNA
concentration for the 6HB+2 motif in the double cohesion system was
0.5 μM in 10 mM HEPES-Na, 26 mM magnesium chloride, 1 mM
EDTA, pH 7.8. The final DNA concentration for the 6HB+2 motif in
the single cohesion system was 0.5 μM in 10 mM HEPES-Na, 11 mM
magnesium chloride, 1 mM EDTA, pH 7.8. The final DNA
concentration for the 6HB+3 motif was 0.5 μM in 10 mM HEPES-
Na, 11 mM magnesium chloride, 1 mM EDTA, pH 7.8. Mixtures were
annealed from 90 °C to room temperature during 48 h in a 2-L water
bath insulated in a Styrofoam box. They were then put in a 1-L water bath
in a stainless steel thermos cup and slowly cooled down from 45 °C to
room temperature over 4 days.
Preparation of PVP-Coated Glass.8,26Microscope slides (3 × 1 in.)

and coverslips (18 mm2) were immersed in 1 L of 1 M NaOH solution at
room temperature for 1 h, washed thoroughly with deionized (DI) H2O,
and immersed in 1 L of 1% v/v acetic acid solution at room temperature
for 2 h. These treated slides and coverslips were rinsed again with DI
H2O and then silanized at room temperature for at least 36 h in 1 L of
a solution containing 1% v/v 3-(trimethoxysilyl)propylmethacrylate
(Aldrich) in 1% v/v acetic acid; the coverslips were then rinsed with DI
H2O. Finally, slides and coverslips were incubated in 1 L of polymer
solution [4% w/v polyvinylpyrrolidone (PVP) (MW = 360 000) (USB
Corp.) in water (the solution was heated to encourage dissolution of PVP)
with 2.5 mL of 10% w/v ammonium persulfate (APS) (Fisher Scientific)
and 250 μL of N,N,N′,N′,-tetramethylethylenediamine (TEMED) (Fisher
Scientific)] at 80 ± 1 °C for 18 h. PVP-coated slides and coverslips were
rinsed with DI H2O to remove the un-cross-linked portion of the polymer
and stored in DI H2O. PVP coating was stable for at least 2 weeks.
Preparation of Oxygen Scavenging System.27 For live

fluorescence microscopy it is essential to scavenge oxygen so as to
limit photodamage. The most convenient method for doing this is
using a glucose oxidase/glucose/catalase mixture (OS mix). The
component enzymes are stored as 100× stocks at −80 °C and used for
∼2 h after mixing. It is important to keep the OS mix in a sealed tube
on ice. The principle by which the mix scavenges oxygen is as follows:

+ →catalase: H O O H O2 2 2 2

‐ + → ‐ ‐ ‐

glucose oxidase:

D glucose H O D glucono 1,4 lactone2 2

A 10× OS mix (0.35 mg/mL catalase, 2 mg/mL glucose oxidase,
45 mg/mL glucose, 5% β-mercaptoethanol) is prepared on ice and
stored in a sealed tube on ice. For optimal results, a fresh 10× stock is
prepared after ∼2 h.
Preparation of Samples for Fluorescence Microscopy. Annealed

DNA samples were stored at room temperature. Before microscope
imaging, fresh OS mix was added to the DNA sample. Three
microliters of the DNA sample in 1× OS mix (0.035 mg/mL catalase,
0.2 mg/mL glucose oxidase, 4.5 mg/mL glucose, 0.5%
β-mercaptoethanol) was then deposited onto a slide, covered with
a coverslip, and sealed with epoxy or paraffin. The distance between
the surfaces of the slide and the coverslip was ∼10 μm. When
nanotube length (L > 3 μm) and stiffness (p ≥ 1 μm) allowed, PVP-
coated slides and coverslips were used to constrain nanotubes to
diffuse in 2D. The thickness of the sample solution between the PVP
coatings was 2−3 μm.
Fluorescence Microscopy. Samples were imaged on an inverted

microscope (IX 70, Olympus) with a 100×/1.40 NA oil immersion
objective. Blue light was filtered from a mercury arc lamp through an

interference filter (475 nm) for excitation. The emitted fluorescence
passed through a dichroic mirror (505 DRLP) and a green
interference filter (525 nm). Raw images were captured and stored
to a Mac mini via a cooled RETIGA EXi fast 1394 CCD camera
(QImaging Corp.) using the corresponding software Qcapture
(QImaging Corp.). Images were processed in ImageJ (NIH Image
in Java: http://rsb.info.nih.gov/ij/).

Persistence Length Measurement. Persistence length, p, was
measured in two different ways. In most cases it was possible to
confine the nanotubes to 2D (see Preparation of Samples, above). The
persistence length was then determined by extracting the end-to-end
distance, R, and contour length, L, from fluorescence images of several
different nanotubes (N > 4) in many distinct conformations (⟨n⟩ = 23)
and fitting the data to the 2D Kratky−Porod model:9,28

= − − −R pL p L4 [1 2 (1 e )/ ]L p2 /2

Each point on the ⟨R2⟩ versus L plot was derived from a set of
n conformations observed for a single DNA nanotube. A complete
data set for a given tube type consisted of N such points.

Uncertainty in the persistence length thus determined was
estimated using a bootstrap method: From every set of n confor-
mations of a given nanotube, k conformations were selected at random
with replacement (thus a particular conformation might be picked
twice or not at all). The average end-to-end distance of the selec-
ted conformations, ⟨R2⟩k, was computed. This value typically dif-
fered only slightly from the end-to-end distance, ⟨R2⟩n, of the “original”
set. A least-squares fit of the Kratky−Porod model to a plot of
⟨R2⟩k versus L was performed and, accordingly, resulted in a slightly
different estimate of the persistence length. For each type of nanotube,
this process was repeated 1000 times using randomly selected sets of
the same size as the original (that is, k = n). The resulting persistence
length estimates were normally distributed about the one derived from
the original data set and their standard deviation was taken as the
uncertainty (67% confidence interval) in the measurement.

It was not possible to confine the 6HB+2 (parallel) nanotube (in
which six out of eight sticky ends were at the same Z position along the
helical axis) to 2D, so a different approach to estimating persistence
lengths was taken. Movies containing several hundreds of frames were
taken as a freely diffusing nanotube was manually tracked in the focal
plane of a microscope. All independent images of a given nanotube were
aligned according to their centers of mass and added together to generate
a single composite image of the nanotube. The intensity profile along a
straight line through the center of mass of the composite image fit well to
a normalized Gaussian distribution, the standard deviation, σ, of which
was taken as a measure of the nanotube’s radius of gyration (RG). The
contour length (L) was measured from the most extended conformation
observed. These parameters were related to the persistence length (p) of
the nanotube using the following two equations: RG = nvp/(6)1/2 and
L = np, where v = 0.6 for a 3D self-avoiding random walk. The average
persistence length of the 6HB+2 nanotube design estimated in this
manner was 0.78 ± 0.1 mm, based on analysis of two different nanotubes
using 400 independent images of each. These data are discussed below,
where they are displayed in Figure 6.

AFM Imaging. Helix bundle arrays were imaged in tapping-mode
AFM in buffer. 5−7 μL of the annealed sample was spotted on freshly
cleaved mica (Ted Pella, Inc.). An additional 25 μL of fresh buffer was
added to both the mica and to the liquid cell. All AFM imaging was
performed on a NanoScope IV MultiMode SPM (Digital Instru-
ments), using commercial cantilevers with silicon nitride (Si3N4) tips
(sharpened).

■ RESULTS
1D Nanotubes. Figure 2 shows AFM images of 1D

nanotubes self-assembled from individual 6HB motifs and from
its two variants. It is evident that DNA helix bundles themselves
self-assemble readily into 1D nanotubes. Figure 2D−F shows
evidence that all three motifs form linear 1D nanotubes. Typical
nanotubes are shown in the zoomed pictures (Figure 2G−I).

Journal of the American Chemical Society Article

dx.doi.org/10.1021/ja207976q | J. Am. Chem.Soc. 2012, 134, 1606−16161609

http://rsb.info.nih.gov/ij/


Those pictures show clearly that all three motifs have been
assembled to form unbranched linear nanotubes. The average
contour lengths of the 6HB, 6HB+2, and 6HB+3 DNA
nanotubes are 2.8, 2.5, and 4.5 μm, respectively (Figure S4).
The measured heights of the 6HB, 6HB+2 and 6HB+3 DNA
nanotubes are 2.1 ± 0.2, 2.1 ± 0.2, 2.6 ± 0.3 nm respectively.
The height analysis of the 1D nanotubes is shown in Figure 3.
The flattening of nanotubes when deposited on the mica
surface and the force applied to nanotubes by AFM tips during
imaging lead to the measured heights of nanotubes being
smaller than the calculated ones. However, according to our
design, the heights of nanotubes assembled from 6HB and
6HB+2 motifs are in principle the same and smaller than that of
nanotubes assembled from 6HB+3 when lying on the mica
surface (Figure 1). Our observations are consistent with this
design.
Figure 4 shows fluorescence images of all three types of

nanotubes. Several DNA single strands in three motifs are
labeled with fluorescein (FAM). Nucleotides that are modified
with fluorescein are shown in magenta and in larger font
(Figure S1A−C). Snapshots and movies were taken as the
nanotubes diffused freely, while confined to the focal plane of a
microscope by two polymer-coated pieces of glass. Fluorescence

images further confirm that multi-helix bundles self-assemble to
yield unbranched linear DNA nanotubes.
Nanotube stiffness was measured by extracting the end-to-

end distance, R, and contour length, L, from fluorescence
images of several different nanotubes (N > 4) in many distinct
conformations (⟨n⟩ = 23) and fitting the data to the 2D
Kratky−Porod model:9,28

= − − −R pL p L4 [1 2 (1 e )/ ]L p2 /2

The only free parameter in this fit, p, is the persistence length
the length scale over which the orientation of the nanotube is
randomized due to thermal fluctuationsa standard measure
of polymer stiffness. We measured persistence lengths of 1.0 ±
0.1, 3.6 ± 0.6, and 5.0 ± 0.5 μm for 6HB, 6HB+2, and 6HB+3,
respectively (Figure 4E), where the uncertainty represents one
standard deviation in the parameter values derived from a
bootstrap analysis (see Materials and Methods). Extracting R
and L of dynamic nanotubes from fluorescence micrographs
(rather than AFM data) ensured that our measurement was not
affected by adhesion events and allowed us to exclude data
from nanotubes with folding errors, which are visible as per-
manent kinks or hyper-flexible hinges.
We compare these persistence lengths to the estimated

values of all three types of nanotubes using a naiv̈e model8,9 in

Figure 3. Cross-sectional analysis of 1D arrays. The vertical distance between the two red arrows is the measured height of nanotubes. (A) 6HB. The
average height of 6HB 1D arrays is 2.1 ± 0.2 nm. (B) 6HB+2. The average height of 6HB+2 1D arrays is 2.1 ± 0.2 nm. (C) 6HB+3. The average
height of 6HB+3 1D arrays is 2.6 ± 0.3 nm. The averaged heights are based on five measurements of each nanotube.
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which (i) the 6HB nanotube is represented by a ring of rigidly
linked rods (DNA helices), (ii) there are no gaps between the
rods, and (iii) the Young’s modulus of the rods is the same as
that of duplex DNA (phelix = 50 nm). In this model, the ratio of
the tube persistence length to the helix persistence length is the
same as the ratio of their moments of inertia (I):8,9

= = +p p I i N R r/ / [1 2( / ) ]tube helix
2

where r is the radius of DNA duplex, R is the radius of the
nanotube measured from the center of the nanotube to the
center of the DNA duplex, and N is the number of helices in
the nanotube circumference. The estimated persistence lengths
for 6HB, 6HB+2, and 6HB+3 are 2.7, 4.4, and 5.25 μm,
respectively (Figure 5).

As expected, the motifs with extra duplexes (6HB+2, 6HB+3)

are more rigid than the 6HB motif. Their calculated and measured

Figure 5. Estimation of the persistence lengths of nanotubes: (A) 6HB, (B) 6HB+2, and (C) 6HB+3. In the cases of 6HB+2 and 6HB+3, assuming two
perpendicular bend axes, as indicated by the dotted lines, any bending of nanotubes can be treated as a combination of bends about those two axes. Thus,
the overall persistence length was estimated to be the average of the persistence lengths calculated for each of the bend axes. For 6HB+2, estimates were
calculated using r = 1 nm, R1 = 2 nm, and R2 = 4 nm. For 6HB+3, estimates were calculated using r = 1 nm, R1 = 2 nm, and R2 ≈ 3.5 nm.

Figure 4. Fluorescence micrographs of nanotubes: (A,B) 6HB+2, (C) 6HB+3, and (D) 6HB. (E) The measured persistence lengths and associated
uncertainties for the three different types of nanotubes are shown. Persistence length was measured by extracting the end-to-end distance, R, and
contour length, L, from fluorescence images of several different nanotubes (N > 4) in many distinct conformations (⟨n⟩ = 23), and fitting the data to
the 2D Kratky−Porod model.
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persistence lengths agree to within the experimental error.
The measured persistence length of the 6HB nanotube, how-
ever, is significantly smaller than expected. This low stiffness
might be due, in part, to the phasing of nicks in the DNA
backbone. The sticky-ended cohesion that mediates the self-
assembly of our nanotube motifs necessitates a pair of nicks in
the phosphodiester backbones of each of the DNA duplexes
(one on each strand). These nicks may be weak points, where
thermal forces can bend the DNA duplex most easily.

Consistent with this idea, an earlier design of 6HB+2 (Figure S1D)
where the sticky ends are parallel yielded nanotubes with a
measured persistence smaller than the 6HB+2 nanotubes with
staggered stick ends reported above (Figure 6A). Figure 6B
(top) shows the positions of the middles of the sticky ends (Z1,
Z2, Z3, and Z4) along the Z axis of the DNA duplex in the
ultimate 6HB+2 motifs. In the earlier design (Figure 6B, bottom)
Z1 = Z2 = Z3. Staggering the sticky ends such that Z1 = Z2 − 5 =
Z3 − 10 increased markedly the rigidity of the nanotube structure.

Figure 6. Nanotubes made of molecules with parallel and staggered sticky ends are significantly less stiff than those made of molecules with staggered
sticky ends. (A) The right panel shows the persistence lengths of the two versions of 6HB+2 (parallel and staggered). The left panel illustrates the
measurement of 6HB+2 (parallel) nanotubes, which could not be confined to 2D. Images of independent conformations of such a nanotube diffusing in
3D were aligned about their center of fluorescence and superimposed. The composite image was used to estimate the radius of gyration by averaging the
width of Gaussian fits to line profiles through the center. See Materials and Methods for details. (B) Positions of sticky ends in the design of nanotubes.
Cylinders in different colors represent different DNA duplex domains in each motif. Top panel: The “front” end of 6HB+2 contains eight sticky ends that
are at four different positions along the Z axis (helix axis), indicated by Z1, Z2, Z3, and Z4. This is 6HB+2 (staggered). Bottom panel: The “front” end of
6HB+2 contains eight sticky ends which are at two different positions along the Z axis (helix axis), in this design, Z1 = Z2 = Z3. This is 6HB+2 (parallel).
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2D Arrays. The diagrams of the 6HB+2 2D system tiles are
shown in Figure 7A, both for double cohesion (left) and single
cohesion (right). The designed lattices are shown in Figure 7B.
Figure 7C−K shows highly ordered and flat 2D periodic arrays

self-assembled from 6HB+2 through both double (Figure 7C,G)
and single cohesion (Figure 7J); two directions of ordering
are evident in its autocorrelation pattern, which is shown in
Figure 7D, H, and K, respectively. Figure 7C,G shows the alternating

Figure 7. Designs and AFM images of 2D periodic arrays of 6HB+2. (A) Schematic drawings of 6HB+2 motifs. The left panel shows 6HB+2 used in
the double cohesion system, and the right panel shows 6HB+2 used in the single cohesion system. Duplexes are labeled by Roman numerals in the
same way as in Figure 1B. Some duplexes are labeled by two numerals because of overlap in this view: duplexes with numerals in parentheses are
farther from the viewer. (B) Schematic drawing of the 2D arrangement of 6HB+2 motifs. The left panel shows a 2D array in the double cohesion
system. The right panel shows a 2D array in the single cohesion system. AFM images of 2D arrays with double cohesion are shown in panels C−H.
A zoom is shown in panel C, its autocorrelation function is shown in panel D, and another two views are shown in panels E and F. A zoom of panel F
is shown in panel G with its autocorrelation function in panel H. Three zooms (C,E,G) show how the individual 6HB+2 motif forms an alternating
arrangement. AFM images of 2D arrays with single cohesion are shown in panels I−K. A zoom of panel I is shown in panel J; its autocorrelation
function is shown in panel K. The zoom in panel J shows that individual 6HB+2 motifs form an orthogonal array.
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Figure 8. Designs and AFM images of 2D periodic arrays of the 6HB+3 motif. (A) Schematic drawings of 6HB+3 motifs. Two copies of one 6HB+3
molecule used in a 2D array are shown here. The motif on the right, which has the same orientation as the green copies in panel B, rotates 180° around a
horizontal axis from the one on the left, which has the same orientation as the yellow copies in panel B. Duplexes are labeled by Roman numerals in the same
way as in Figure 1C. Some duplexes are labeled by two or three numerals because of overlapping in this view: the duplexes with numerals in parentheses are
farther from the viewer; those with numerals in brackets are farthest from the viewer. (B) Schematic drawing of a top view that is perpendicular to the 2D
array plane. Pairs of black arrows represent the 2-fold screw axes in the design of the 2D array. AFM images of three sets of 2D arrays are shown in panels C,
F, and I, respectively. Zoomed views of panels C, F, and I are shown in panels D, G, and J, respectively, with their autocorrelation functions are shown in
panels E, H, and K. Panels C, F, and J show that the individual 6HB+3 motif forms an alternating arrangement in all three sets of 2D arrays.
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arrangement of individual 6HB+2 units via double cohesion, which
is consistent with the design (Figure 7B). In the double cohesion
system, the calculated length of the tile along the helical axis is 21.4
nm, which is similar to the AFM measurement (∼22 nm).
However, the measured distance between two adjacent tiles in the
direction perpendicular to the helical axis is ∼17.5 nm, which is
larger than the estimated distance of 12 nm. Figure 7J shows
that the arrangement of individual 6HB+2 motifs in a single
cohesion system is apparently an orthogonal lattice, rather than
the alternating array that it was designed to be. This
discrepancy between the experiment and the design may result
from the deposition of two distorted interdigitated layers,
where the gaps visible in the right panel of Figure 7B are filled
in by the other layer. The large number of light red units and
the few intense red units suggest the presence of single and
double defects, respectively. Such a possible structure may be
stabilized by the blunt-end stacking of the 6HB components of
the motif. Distortion perpendicular to the direction of the helix
axis is well-known in single cohesion systems.8 The measured
distance normal to the helical axis, around 15 nm, is consistent
with this suggestion; the measured distance along the helix axis
is ∼20 nm, consistent with the 21.4 nm design.
Figure 8A shows the tiles that form the 6HB+3 2D lattice. Two

copies of one 6HB+3 molecule used in a 2D array are shown in the
drawing. The motif on the right, which has the same orientation as
the green copies in panel B, is rotated 180° around a horizontal axis
from the one on the left, which has the same orientation as the
yellow copies in panel B. Figure 8C−K shows that all three
different 2D sections of 6HB+3 doubly cohesive arrays form large,
flat, and well-ordered arrays under AFM imaging. Potentially sticky
ends can occur on helices I, III, V, VII, VIII, and IX, while helices II,
IV, and VI are always blunt. Panels C−E show the array structure,
the zoom, and the autocorrelation function of the array formed
without sticky ends C and A on helices I and VII (Figure S3).
Panels F−H show the analogous results when helices III and VIII
lack sticky ends D and B (Figure S3); likewise, panels I−K show
the results when sticky ends E and F on helices V and IX are made
blunt (Figure S3). The zoomed images show clearly that all three
rotational isomers of the 6HB+3 motif form an alternating
arrangement, consistent with the design in Figure 8B. The
autocorrelation patterns show similar degrees of ordering. The
calculated length of the tile along the helical axis is 19.7 nm, which
is similar to the AFMmeasurements of the three 2D lattices (21 ± 1,
20.7 ± 0.7, and 20.2 ± 0.5 nm). However, the measured
distances (14 ± 0.8, 14.2 ± 0.5, and 14.5 ± 0.4 nm) between
two adjacent tiles in the direction perpendicular to the helical
axis are larger than estimated distance of 10.4 nm.

■ DISCUSSION

We have demonstrated that 6HB and its two variants are able
to form unbranched linear nanotubes, and that the external
helices enhance the stiffness of the 6HB structure in the order
6HB+3 (5.0 ± 0.5 μm) > 6HB+2 (3.6 ± 0.6 μm) > 6HB (1.0 ±
0.1 μm). The stiffening of the 6HB motif by the addition of
external helices suggests that it might be possible to strengthen
it further by further reinforcement. The measured and calculated
persistence lengths are in good agreement for 6HB+2 and 6HB+3.
In addition, we found that the relative placement of sticky ends
affects the rigidity of nanotubes self-assembled from cyclic
DNA motifs: Sticky ends at various positions along the Z axis of
the DNA duplex produce more rigid nanotubes than those at
the same Z position (Figure 6).

We also demonstrate that 2D periodic arrays can be built from
6HB+2 and 6HB+3 motifs. In both cases the arrangements of
individual motifs in 2D arrays through double cohesion are
consistent with the designs, which further demonstrates that double
cohesion is a powerful tool for the assembly of 2D arrays.22,23 In
the cases of double cohesion described (6HB+2 and 6HB+3), the
measured distance between two adjacent tiles in the direction
normal to the DNA helical axis is always seen to be larger than
expected. Similar phenomena have been observed in other studies
where antiparallel duplexes are often seen to be separated in this
direction by much more than the estimated distance when observed
by tapping mode AFM on mica, when the sample is in buffer.8,12

Another important factor leading to this discrepancy may be the
flattening of bundles when in contact with the mica surface.12

Ideally in a 2D array, two adjacent 6HB+3 motifs along the
helix axis have height differences (Figure 9); black double-headed

Figure 9. 6HB+3 2D arrays in different views. The 6HB+3 motif is
shown in two different colors (green and yellow), representing two
different orientations of 6HB+3 in a 2D array. (A) Top view. 6HB+3 is
in an alternating arrangement along the helical axis in this view.
(B) Side view. In principle, two adjacent 6HB+3 motifs (green and
yellow) along the helical axis have different heights in the 2D array, as
indicated by double black arrows. (C) Cross-sectional view. Motifs in
green and yellow are at different levels along helical axis: Motifs in
green are closer to the viewer than those in yellow. Because of the
overlapping of duplexes in the cross-sectional view some duplexes in
yellow are invisible to the viewer. Duplexes in green are labeled by
Roman numerals in black; duplexes in yellow are labeled by Roman
numerals in blue. Duplexes with blue numerals in parentheses are
farther from the viewer. It is also clear in this view that two 6HB+3
motifs have different heights. The scales of the drawings are different
in the three views. (D) Cross-sectional analysis of 6HB+3 2D array.
No obvious height differences are observed through AFM imaging.
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arrows in Figure 9B,C indicate the difference. Our AFM images
show sagging of the tiles drawn in yellow (red arrows in Figure
9B,C) and do not show obvious height differences (Figure 9D).
The cause of this discrepancy is unlikely to be the motif itself,
since all three 2D sections form large well-ordered arrays in much
the same way. This uniformity indicates three-fold symmetry in
the individual motif if one ignores the differences of sequences
and crossover locations. The flattening of the bundles on the mica
surface, mentioned above, is likely the major reason for the height
difference elimination. Another contribution may be from the
electrostatic attraction between the backbones of DNA and mica,
to which the tiles drawn in yellow seem to adhere when examined
by AFM (Figure 9A−C).
We expect the three designed motifs can be put to a number

of applications in DNA nanotechnology, especially the 6HB+3
motif, which prototypes a surface with a designed curvature. In
its current form, it appears to have the potential to act as a
nanomechanical strut, because it appears to be relatively stiff.
The PX-JX2 sequence-dependent device is based on the PX

molecule, which has a pseudo-two-fold symmetry axis.29 The
6HB motif has a pseudo-six-fold symmetry element, while the
6HB+3 has a pseudo-three-fold axis, which enables these motifs
to be potential candidates for nanomechanical devices capable of
assuming multiple superimposable states. In addition, the extra
double helices in the 6HB+2 and 6HB+3 motifs provide a group
of duplexes that could be used to mount and orient other motifs,
further nanomechanical devices or even modified nucleotides.30
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